
Electrophoresis 2020, 41, 449–470 449

Adnan Morshed1

Buddini IroshikaKarawdeniya2

Y.M. Nuwan D.Y. Bandara2

Min Jun Kim2

Prashanta Dutta1

1School of Mechanical and
Materials Engineering,
Washington State University,
Pullman, WA, USA

2Department of Mechanical
Engineering, Lyle School of
Engineering, Southern
Methodist University, Dallas,
TX, USA

Received September 25, 2019

Revised December 5, 2019

Accepted December 8, 2019

Review

Mechanical characterization of vesicles and
cells: A review

Vesicles perform many essential functions in all living organisms. They respond like a
transducer to mechanical stress in converting the applied force into mechanical and bio-
logical responses. At the same time, both biochemical and biophysical signals influence the
vesicular response in bearing mechanical loads. In recent years, liposomes, artificial lipid
vesicles, have gained substantial attention from the pharmaceutical industry as a prospec-
tive drug carrier which can also serve as an artificial cell-mimetic system. The ability of
these vesicles to enter through pores of even smaller size makes them ideal candidates
for therapeutic agents to reach the infected sites effectively. Engineering of vesicles with
desired mechanical properties that can encapsulate drugs and release as required is the
prime challenge in this field. This requirement has led to themodifications of the composi-
tion of the bilayer membrane by adding cholesterol, sphingomyelin, etc. In this article, we
review the manufacturing and characterization techniques of various artificial/synthetic
vesicles. We particularly focus on the electric field-driven characterization techniques to
determine different properties of vesicle and its membranes, such as bending rigidity, vis-
cosity, capacitance, conductance, etc., which are indicators of their content and mobility.
Similarities and differences between artificial vesicles, natural vesicles, and cells are high-
lighted throughout the manuscript since most of these artificial vesicles are intended for
cell mimetic functions.
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1 Introduction

Vesicles are biological structures enclosed by a membrane
made of one or more lipid bilayers. Although biological cells
with a diameter of 10 to 30 μm perfectly fit the definition of a
vesicle, traditionally the term has been used to describe intra-
cellular and extracellular structures containing cytoplasmic
fluids. These include smaller vesicles like endocytic trans-
port vesicles [1], secretory synaptic vesicles [2], bacterial mem-
brane vesicles [3], lysosomes [4], and exosomes [5] having a
diameter ranging from 30 to 100 nm. However, larger vesi-
cles are also common in plant, fungal, and animal cells like
vacuoles and ectosomes, which can have diameter as large as
1 μm.

Correspondence: Professor Prashanta Dutta, School of Mechan-

ical and Materials Engineering, Washington State University,

Pullman, WA 99164-2920, USA

E-mail: prashanta@wsu.edu

Abbreviations: AFM, atomic force microscopy; DMPC,
1,2-dimyristoyl-snglycero-3-phosphocholine; DOPC, 1,2-
dioleoyl-sn-glycero-3-phosphocholine; ED, electrodynamic
spectroscopy; FL, fluctuation spectroscopy; GUV, giant
unilamellar vesicle; MA, micropipette aspiration; MT, mag-
netic tweezers; POPC, palmitoyl-oleoyl-phosphatidylcholine;
OT, optical trapping/tweezers; SM, sphingomyelin; SSN,
solid-state nanopores

There is a vast array of vesicles at play on the cellular
level. For instance, synaptic vesicles (Fig. 1A) communicate
among neighboring neurons through transfer of neurotrans-
mitters [6]. Larger microvesicles on the order of 200 nm (aka
ectosomes) can bud directly from the membrane and are
used by cells to transport exogenous antigens, enzymes, and
other proteins [7]. Even viruses produce vesicles that also di-
rectly bud out of the infected cell and target healthy cells
for further infection [8]. On the contrary, exosomes are rep-
resented by small vesicles of different sizes that are formed
as the intraluminal vesicle by budding into early endosomes
and multivesicular endosomes [9]. They are released from
the cell through different mechanisms including exocytosis
and membrane rupture (Fig. 1B). Different cells (in vitro and
in vivo) release exosomes with dimensions between 30 and
150 nm generated by the endosomal system [10]. These ex-
tracellular vesicles are used for intercellular communication
and membrane trafficking by carrying cell-specific proteins
[11], lipids [12], or RNAs [13]. Exosomesmight also be used as
cell-free immunotherapeutic cancer vaccines [14–17]. More-
over, exosomes have been identified as biomarkers for diag-
nostic and prognostic purposes. For example, the stiffness of
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Figure 1. Different types of vesicles of interest. (A) Synaptic vesicles are one of the tiniest vesicles that are critical in neurophysiological

communication. Reprinted from [6], Copyright (2009), with permission from Elsevier. (B) Human saliva-derived exosomes were recently

identified to carry elevated levels of tumor-antigens for immunotherapeutic functions, thus acting as a biomarker for oral cancer. Reprinted

with permission from [27]. Copyright (2011) American Chemical Society. (C) Unilamellar liposomal vesicles based on their size such

as small (SUV), large (LUV), and giant (GUV) unilamellar vesicle. Both SUV and LUVs have been used in diagnostic and therapeutic

applications [28], while GUVs have been used extensively in cell mimetic applications [29]. (D) Polymersomes with different surfactants

added to the conventional liposomes for tuning the membrane property. Reprinted from [21].

exosomes originating from a tumor cell has recently been
identified as a malignant-state dependent signature.

Like exosomes, human immune deficiency viruses (HIV)
demonstrate remarkable changes in the mechanical proper-
ties with polymorphism. For instance, immature human im-
mune deficiency viruses (HIV) is reported to be 14 times
stiffer compared to its mature counterpart [18]. Hence, the
study ofmechanical deformability of virus can provide key in-
sights for understanding the alterations in vesicle membrane
structure with infectivity. These fascinating changes in me-
chanical behavior can be used for diagnosis of viral infection
and progression of the disease.

A more recent drive in vesicle characterization research
is coming from the need of micro- and nanoscale liposomal
drug carriers with predictable mechanical characteristics. To

this end, ultraflexible lipid vesicles have been designed to
improve in-vitro skin delivery [19]. Mechanical characteriza-
tion is crucial to understand, analyze, design, and evaluate
the function of these biomimetic vesicles for optimum per-
formance and to avoid any issues such as accidental over-
dosing. Characterization of these submicron and nanoscale
vesicles is facilitated by the ever increasing repertoire of
capabilities for measuring forces and displacements with
picoNewton and nanometer resolutions, respectively [20].

Although vesicles can be varied in size and shape, the
basic structure of most vesicle is very similar to liposomes.
A liposome is a fluid-filled sack made of at least one lipid bi-
layer. Liposomes with a single lipid bilayer are often called
unilamellar vesicles, while liposomes with multiple lipid bi-
layers are known as multilamellar vesicles. Conventional
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unilamellar liposomes (Fig. 1C) are generally composed of
phospholipids and cholesterol which encloses an aqueous
core. Liposome characteristics can be modified by the addi-
tion of (i) surfactants to form transfersomes and niosomes
(depending on the ratio of the phospholipid to surfactant),
(ii) relatively high concentrations of ethanol to form etho-
somes as shown in Fig. 1D [21]. Liposome-based artificial
cells can serve as models to study cellular systems in a much
simpler environment than the original cells. Liposomes, es-
pecially giant unilamellar vesicles (GUVs) provide a eukary-
otic cell-like structure with similar membrane curvature for
the study of membrane mechanical properties. These rel-
atively large-sized vesicles can be observed by optical mi-
croscopes in microfluidic devices. However, as newer bac-
terial membrane vesicles [3] and exosomes [22] are coming
to focus, study of these smaller vesicles are moving beyond
the optical limit [23]. Atomic force microscopy (AFM) and
other newer methods, such as optical and magnetic tweez-
ers (MTs), have seen widespread use in characterizing this
smaller breed of vesicles, although most of these techniques
are low throughput [24]. Electrodeformation assays with opti-
cal visualization is another popular tool in large vesicle char-
acterization [25], while electrodeformation techniques with
solid-state nanopores (SSN) are now extending the limit of
this useful nonintrusive method to nanosized vesicles [26].

In this review, we first give a brief overview of the
different kinds of synthetic vesicle preparation methods.
After that, we will briefly present the widely used character-
ization techniques in biological research such as AFM, op-
tical tweezers (OT), MT, and micropipette aspiration (MA).
In recent years, electric field-driven electrodeformation tech-
niques have come into focus due to their nonintrusive and
intrinsic high-throughput nature. The rest of this article will
focus on the fundamental aspects of this electric field-driven
characterization technique.

2 Vesicle formation techniques

The building block of vesicle membrane, phospholipids, are
composed of hydrophilic head groups and hydrophobic tails
that compel them to self-assemble to maintain stability in
hydrophilic environments. In aqueous media, a planar bi-
layer of lipids tends to become spherical by enclosing some
of the aqueous substance and forms a vesicle. These spher-
ical vesicles are more commonly known as liposomes. Al-
though most of the vesicles are unilamellar where the vesi-
cle membrane consists of one lipid bilayer, it is possible to
produce multilamellar vesicles or even vesicles with different
lipid molecules at the two leaflets of the bilayer (aka asym-
metric vesicles). Hybrid-biomimetic vesicles are designed by
mimicking biological cells to overcome limitations of con-
ventional vesicles. These vesicles are engineered for required
properties such as size, shape, stability, ability to load ther-
apeutic agents, and release them at specific targets [30, 31].
These vesicles are often prepared with surface ligands that
target unhealthy tissue or disease site.

Asmentioned earlier, traditional vesicle preparation tech-
niques are based on swelling of a lipid layer into spheroidal
sacks. Lipid film hydration is one of themost commonly used
preparationmethods for vesicles. The preparation of the vesi-
cles starts with the lipids dissolved in an organic solvent (e.g.,
chloroform) and deposited on a solid substrate such as glass.
The solvent is then evaporated under a nitrogen or argon
stream followed by thorough evaporation under vacuum. The
lipid layers are then hydrated with an aqueous buffer that
causes lipid films to swell spontaneously due to the flow of
the aqueous buffer solution between the lipid bilayer stacks
as shown in Fig. 2A where a unilamellar vesicle forms from
a single lipid bilayer [32]. When hydrating the stacks of bi-
layers, vesicles of varying lamellarity can be formed based
on the hydration force used. The interlayer distance gets pro-
nounced when there are thermal fluctuations or electrostatic
repulsions between stacked bilayers, which enhances the flow
of the buffer between layers. Therefore, use of some per-
centage of charged lipids facilitates efficient swelling. Fur-
thermore, when using strong hydrodynamic flows, there is a
higher possibility of multilamellar vesicle formation whereas
slow flow rates will result in unilamellar vesicles [33]. Al-
though procedurally very simple, it takes around 1–2 days
to form vesicles in this process. Another flexible approach
is to use a polymer-based gel as the substrate instead of a
solid surface, and pump aqueous salt buffer solution through
the porous polymer substrate for swelling and vesicle forma-
tion [33]. Force normal to the lipid bilayer prompts the lipo-
some generation. Here, crowding of the vesicles results in the
fusion of adjacent small liposomes making giant liposomes
(Fig. 2B).

Electroforming is another swelling approach where a
lipid thin film (dissolved in organic solvent) is deposited be-
tween two electrodes. Common electrodes include platinum
[34], titanium [35], semiconductive glass plates coated with
indium tin oxide (ITO) [36], stainless steel [37], and silicon
substrates [38]. Once the organic solvent is evaporated, the
aqueous buffer solution is added to hydrate the lipid bilay-
ers. Next an electric field [34, 39, 40]—alternating current
(AC) or direct current (DC)— is applied which strips off the
lipid layer forcing it to self-assemble intomonodispersed vesi-
cles within a few hours (Fig. 2C). Another innovative way of
swelling is pulsed jetting, where two aqueous droplets are
placed in an organic solvent containing phospholipids. The
lipid molecules gather around the aqueous-organic interface
resulting in two aqueous droplets with a single layer of lipid
molecules around them. Next, the two droplets are brought
into contact which creates a planar lipid bilayer interface as
shown in Fig. 2D. Finally, small volumes of aqueous sub-
stance are shot across the bilayer using a micronozzle. The
bilayer envelops the jetted volumes and breaks off from the
membrane to form individual vesicles [41].

Novel methods are also coming into the mainstream
with the intention of forming artificial cell-mimetic vesicles
for gene expression [42]. For example, the droplet emulsion
transfer method relies on the construction of inner and outer
lipid leaflets of the vesicle in two stages using an emulsion
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Figure 2. Common vesicle

preparation methods. (A)

Schematic showing unil-

amellar vesicle formation

through lipid film hydration.

Reprinted from [32]. (B) Gel

assisted swelling. Reprinted

with permission from [33],

Copyright (2009) American

Chemical Society. (C) Elec-

troformation technique for

vesicle preparation. Reprinted

from [32]. (D) Schematic

diagram of the pulsed jet

method for vesicle formation.

Reprinted with permission

from [41], Copyright (2007)

American Chemical Society.

(E) Schematic representation

of droplet emulsion transfer

to make asymmetric vesicles

[43]. Copyright (2003) Na-

tional Academy of Sciences.

(F) Schematic representation

of the vesicle formation by

flow focusing in a microfluidic

channel where the concen-

tration ratio of the alcohol is

shown by the color contour.

Reprinted from [44].

(top) and an aqueous (buffer) phase as shown in Fig. 2E.
First, the intermediate phase between the emulsion and aque-
ous phase (middle layer in Fig. 2E) is preincubated with lipid
molecules of the outer layer which saturates the interface
and forms a monolayer. Next, the inner leaflet is formed in
water-in-oil emulsion (top layer in Fig. 2E) by stabilizing wa-
ter droplets via encapsulation of lipid molecules. Finally, the
dropletmade for the inner leaflet (from the top layer) is drawn
through the interface under gravity or centrifugation force
to the aqueous phase which forms an asymmetric (two dif-
ferent lipids in two leaflets) lipid bilayer vesicle as shown in
Fig. 2E [43].

Lately, the advent of micro- and nanofluidic techniques
has streamlined the vesicle preparation process in terms of
space, time and cost. Jahn et al. [44] have shown an innova-
tive way to form vesicles using microfluidic flow focusing in
a cross-shaped microchannel. In their work, a lipid dissolved
alcohol solution is injected to streams of aqueous buffers as
shown in Fig. 2F. As the three flows travel together in the
same channel, alcohol gets dissolve in water and the lipid
molecules self-assemble into vesicles with a monodispersed
distribution [44]. Another interesting approach is the tran-
sientmembrane injection where amphiphilic lipidmolecules
get self-assembled into two separate monolayers at the two
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Table 1. Overview of primary characteristics of different measurement techniques

Optical tweezers AFM Micropipette
aspiration

Magnetic tweezers Electrodeformation

Spatial Resolution
(nm)

0.1-2 0.5-1 25 5-10 10-106

Temporal resolution
(s)

10−4 10−3 10−4 10−1-10−2 10−4

Stiffness (pN/nm) 0.005-1 10-105 N/A 10−3-10−6 N/A
Force range (pN) 0.1-100 10-104 0.3 (0.1-10 mbar) 10−3-102 Variable
Displacement range

(nm)
0.1-105 0.5-104 N/A 5-104 1-105

Probe size (μm) 0.25-5 100-250 N/A 0.5-5 N/A
Typical applications Tethered assay;

3D manipulation
High force pulling and

interaction assays
Vesicle mechanical

properties
measurement;

single cell
manipulation;

tissue tension
heterogeneity

Tethered assay;
DNA topology

Vesicle electrical
properties
measurement;

single cell
manipulation

Advantages Low-noise and low
drift

High-resolution imaging Economical Specific interactions Noninvasive;
high throughput

Limitations Photodamage;
sample heating;
nonspecific

Large high-stiffness
probe;

large minimal force;
sample must be

immobilized

Temporal resolution
limited by
visualization
techniques

No manipulation
(Force hysteresis)

Temporal resolution
limited by
visualization
techniques;

nonspecific

water-oil interfaces [45]. Detailed descriptions of each prepa-
ration process are out of scope for the present work, but inter-
ested readers are referred to review the article by Dimova [25].

3 Characterization processes

Study of the cellular mechanical properties dates back to sev-
eral decades [46, 47]. However, the attention to the proper-
ties of exosomes and bioengineered vesicles are fairly recent.
Vesicle manipulation techniques have been ever expand-
ing with the traditional ones being miniaturized to single-
molecule level [20]. The choice of the technique is largely
determined by the type of vesicle and the exact property to
be measured. Additionally, the spatial and temporal resolu-
tion along with the time required for reliable measurements
become a deciding factor in choosing the experimental tech-
nique. Therefore, there is no single technique which is best
for all measurements. And even for the measurement of a
single property, variation is expected based on whether the
property was measured locally on the vesicle membrane or
the entire vesicle was deformed. We have summarized some
key aspects in Table 1 for the five key characterization tech-
niques reviewed in this manuscript.

3.1 Atomic force microscopy

AFM is popularly used for force spectroscopy where beam
theory is used to determine the moduli of materials from the

deflection of a cantilever tip [48]. Often a laser is used to mea-
sure the vertical displacement of a cantilever, and from these
measurements, the force at the probing tip is calculated. A
number of studies have been conducted onwhole cells reveal-
ing properties like Young’s modulus and the bending rigid-
ity [49, 50]. More recently, several groups have studied the
mechanical properties of liposomes with different chemical
compositions [51]. Some of the key findings from these stud-
ies are summarized in Table 2.

The mathematical models used for property measure-
ment from deformation data generally depend on the test
conditions. Most prevalent models include shell and Hertz
indentation model which consider the physical behavior of
the cell (Fig. 3). In the Hertz model, the measured deflection
(d) for a known applied force (F) at the probe tip can be con-
nected to Young’s modulus (E) as:

F = d3/2
2π
3

E
1− υ2

R2
1/2, (1)

where R2 is the radius of curvature and υ is the Poisson’s ra-
tio of the membrane. Once Young’s modulus is known, the
bending rigidity (kB) can be found using kB = Eh3/12(1−
υ2). In the case of large deformations, a combination of
Hertzian and neo-Hookean formulations have been used to
capture the force versus deformation profiles with very high
accuracy [59]. Due to the relatively high stiffness of the can-
tilever probe, some of the biological samples are still very
difficult to investigate using AFM. Moreover, the AFM tech-
nique is traditionally very low throughput.
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Table 2. Comparison of mechanical properties of lipid membranes originating from different compositions of phospholipids

Lipid Bending rigidity (×10−19J) Young’s modulus (MPa) Refs.

1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) 0.88-8.65 27-150 [51–55]
1,2-dipalmitoyl-snglycero-3-phosphocholine (DPPC) 2.03-15.50 31-116 [51, 54]
1,2-dimyristoyl-snglycero-3-phosphocholine (DMPC) 1.15-1.27 24-26 [56, 57]
Egg sphingomyelin, cholesterol 12.94-27.72 140-300 [52, 53]
Mixture of unsaturated and saturated phosphatidylcholine (EggPC) 0.27 1.97 [58]

Figure 3. Schematic of inden-

tation of a (A) hemispherical

and (B) spherical cell. The cell

with radius R1 is located on

a rigid flat substrate and in-

dented by a spherical indenter

of radius R2. Reprinted from

[59] with permission.

Although high-speed AFMs are starting to appear [60],
samples needed to be immobilized in the majority of the
experiments which is another major drawback of this tech-
nique. For sample immobilization, the surface must be very
flat (roughness <0.5 nm). While immobilization of the sam-
ple on bare surfaces like muscovite mica is common, there
are recent attempts to improve the stability of immobilization
and initiate selective binding by functionalizing the surface
with a charged polymer deposition [61,62] or an antibody coat-
ing [61, 63]. Though surface modification techniques would
allow for better immobilization, it demands further expertise
and preparations. Furthermore, the choice of the probe tip
shape and media (e.g., aqueous, gel, etc.) are known to affect
the measurements significantly [51].

3.2 Micropipette aspiration

MA is one of the least expensive techniques to study the me-
chanics of whole-cell or vesicle membrane deformation. Dur-
ing the MA experiment, the membrane is pulled in (under
vacuum) partially or completely into a glass tube of known
inner diameter, where the micropipette diameter is generally
much smaller than that of the vesicle. Upon a sustained suc-
tion, the membrane slips and deforms inside the tube. Stud-
ies have reported distinct bending and (membrane surface)
area expansion regimes over extended periods of time [64].
In the bending regime (Fig. 4), the lipid bilayer behaves like

Figure 4. Schematic of tension–strain measurement of a giant

unilamellar vesicle: (top) the bending regime and (bottom) area

expansion regime. Reproduced from [64] with permission from

the Royal Society of Chemistry, copyright 2016.

an incompressible material conserving the total membrane
area. On the other hand, in the area expansion regime with
higher tensions, the membrane is strained due to the direct
expansion of the surface area per lipid molecule [64].

The applied suction pressure can vary from 0.1 to 1 kPa,
while the resolution of as low as ± 25 nm has been reported
[65]. With a pressure differential�P, the applied force on the
vesicle can be estimated as [66]:

F = πr2P�P
(
4rv − rP
3rP

)(
1− ua

u f

)
, (2)
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Figure 5. Change in breast

cancer cell stiffness after

exposure to Taxol. (A) Fluo-

rescence image at different

stages of aspiration (B)

Young’s modulus. Reprinted

from [73] with permission of

AIP Publishing.

where ua and u f are the velocities of the vesicle after and be-
fore suction under the pressure differential respectively; rP
and rv are the radii of the micropipette and vesicle, respec-
tively. The change in vesicle surface area (�a) can be calcu-
lated using the lip (�L) formed inside the pipette as:

�a = 2πR2
P

(
1
rP

− 1
rv

)
�L. (3)

From�a, the area dilationmodulus can be calculated us-
ing:

karea = a0
�a

�P
2

(
1
rP

− 1
rv

)−1
. (4)

Experiments involving red blood cells [65, 67, 68], cy-
toskeletal actin [69, 70], and chondrocytes [71] have been
conducted to measure the viscoelastic behavior and volume
strains. More recently, GUVs with nanotubes embedded on
the membrane surface was characterized using MA by Bha-
tia et al. [72]. Although those GUVs did not have any internal
structure like cytoskeleton or organelles, they behaved like a
cell membrane due to the increase inmembrane stiffness ow-
ing to the embedded nanotubes on the surface. In general,
MA can be used to track the change in cell membrane prop-
erties after modification by any foreign agents such as drugs.
Lee et al. [73] have demonstrated the stiffening of breast can-
cer cells (MDA_MB-231) after introducing Taxol using MA in
[73] as shown in Fig. 5.

Owing to the relatively simple hardware requirements,
MA technique can easily be adapted to microfluidic setups
compared to other techniques. However, it is much more dif-
ficult to apply picoNewton level forces achieved by AFM tech-
nique. Also, the physical size of the pipettes presents a lower
limit of possible vesicle sizes that can be reliably aspirated.
For further details on the recent developments in MA, read-
ers are referred to [74].

3.3 Optical tweezers and trapping

Optical trapping (OT) is a highly versatile technique which
can be applied on vesicles ranging from nanometers to mi-
crometers. With submillisecond time resolution, this tech-
nique also allows the measurement of three-dimensional dis-
placement. Unlike AFM or MA, OT does not require direct

contact with the vesicle. In a typical optical trap, a highly fo-
cused laser beam is used to trap andmanipulatemicroscopic,
neutral objects such as small dielectric spherical particles and
vesicles. When the particle diameter (2r) is small compared
to the incident laser wavelength (λinc ), it behaves like a point
dipole in the optical field with distinct scattering and gradient
forces. The scattering force rises from absorption and reradi-
ation of light. The scattering force is proportional to the inten-
sity of the light and acts in the direction of incident light prop-
agation. For an incident intensity of I0, the scattering force is
given as [75]:

Fscatt = I0

(
m2 − 1
m2 + 2

)2 128nmπ 5r6

3cλ4inc
. (5)

where nm is the refractive index of the outside medium, m is
the ratio of the refraction index of the particle/vesicle to the
refractive index of the medium, and c is the speed of light.
The gradient force, on the other hand, arises from the inho-
mogeneity in the optical field. The gradient force can be given
as [75]:

Fgrad = 2πr3

c

(
m2 − 1
m2 + 2

)
∇I0. (6)

The gradient force draws the particle into the region
of the highest intensity, while the scattering force pulls the
particle into an equilibrium position that is slightly down-
stream of the maximum intensity in the axial direction
(Fig 6A). The balance between the two forces ends in stable
trapping [76].

When the object diameter is large compared to the in-
cident laser wavelength (λinc ), some of the focused rays get
reflected on the surface of the particle (rays R1 and R2 in
Fig. 6B) imparting the scattering force. However, most of the
incident rays get refracted successively through the object and
emerges out. These emergent rays (A’) transfer momentum
backward following the conservation of momentum causing
a substantial net backward trapping force (resultant of forces
(FA )in Fig. 6B) toward the higher light intensity. In equilib-
rium, this trapping force balances out the scattering force re-
sulting in a stable trap [77].

Lipid vesicles and cells have been stably trapped using op-
tical tweezers which can work on vesicles as small as 20 nm
[78, 79]. OTs have also been incorporated into high through-
out microfluidic devices for cell sorting and characterization
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456 A. Morshed et al. Electrophoresis 2020, 41, 449–470

Figure 6. Vesicle trapping

when the vesicle size is (A)

smaller and (B) larger than

the incident wavelength.

(A) A particle is focused to

a diffraction-limited beam

waist created by a three-

dimensional light gradient.

(B) Backward forces (FA) are

arising due the emergent

refracted rays A’ in larger

objects.

Table 3. Comparison of mechanical properties of the

cytoskeleton of different cells

Cell Viscosity (Pa-s) Cell rigidity scaling
factor (Pa)

Fibroblast (NIH3T3) 0.15 ± 0.05 55 ± 5
Astrocytes 0.0 ± 0.06 36 ± 2
Neurons 0.09 ± 0.06 53 ± 4

Reproduced from [84] under the Creative Commons license.

[80]. Suresh et al. [81], used OT to characterize RBCs at dif-
ferent stages of growth, while Dao et al. [82] used optically
trapped beads to deform cell membranes. Gross [83] trapped
smaller lipid vesicles inside a eukaryotic cell. Ayala et. al. [84]
reported viscoelastic moduli and viscosity of the cytoskeleton
of different types of cells using a forced oscillatory displace-
ment technique (Table 3). At low frequency, the Young’s mod-
ulus (E ) is on the same order of the cell rigidity scaling factor
(G0).

However, conventional OTs have an upper limit on the
size of the vesicle that can bemanipulated using a single trap.
Although the picoNewton levels of force generated by OT are
enough to study molecular bonds, whole-cell deformation is
difficult in this approach. Yet, by using two focused lasers
from opposite directions whole cells can be stretched out [85].
The unavoidable side effect of focused lasers on the vesicle is
the localized heating [86, 87]. Overexposure can change the
membrane and medium properties like density and viscosity
and could even affect cell viability. To overcome these short-
comings, a number of studies focused on trapping beads
which were tethered to the vesicle and used them for a direct
contact deformation [75].

Additionally, OT also suffers from a lack of specificity. It
is extremely difficult to be highly selective since any dielec-
tric particle near the focus is drawn to the trap. To avoid trap-
ping a large number of unwanted objects, extra care needs to
be taken during sample preparation to minimize any freely
diffusing objects. Moreover, the OTs are susceptible to opti-

cal perturbations and interferences. Also, the lower limit of
the applied force is bound by the lowest stiffness necessary to
trap a certain vesicle. Unless the focus point is dynamically
adjustable, the range of space where measurements can be
done becomes extremely limited.

3.4 Magnetic bead rheometry

Magnetic bead rheometry or MTs uses paramagnetic mi-
crobeads and localizedmagnetic fields. Microbeads are either
attached to a cell or vesicle membrane and a localized mag-
netic field is used for manipulation of microbeads. By vary-
ing the magnetic field frequency and intensity, various mem-
brane behaviors (e.g., creep) and its topology can be studied
[88, 89]. Under an applied magnetic field B̄, a bead of radius
r, and relative permeability μb experiences a force (F) as [90]:

F = 2πr3

μ0

(
μr − 1
μr + 2

)
∇ (

B2) , (7)

where μ0 is the permeability of the free space. Although it
is advantageous to use as small bead as possible, the applied
force on the beads drops sharply with the size. Thus, most
experiments use beads on the order of one micrometer. The
beads are generally manufactured by embedding iron oxide
domains in a polymer matrix [91]. For membrane attachment
(Fig. 7), researchers have coated the beads with fibronectin
and then attached them to integrin receptors on the cell
surface [92].

Unlike OT, MT does not suffer from photodamage and
heating. These two advantages led to its widespread use in
DNA manipulation [93, 94], characterization of actin net-
works [95], the study of cell interior [96], and biomedicine [91].
Another interesting feature of the MT is the presence of a
restoring torque due to the magnetic polarization anisotropy
of the superparamagnetic beads. This feature opened up the
possibility of using rotational enzymes [97] and rotational
microrheology [98]. Additionally, since most materials have a
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Figure 7. Magnetic bead

rheometer set-up showing the

paramagnetic bead attached

to a soft body. Activation

and deactivation of the

electromagnet cause the

bead movement. Reprinted

from [92], Copyright (1998),

with permission from the

Biophysical Society.

Figure 8. Magnetic twisting cytometry. Attachment (A) and internalization (B) of RGD peptide coated Fe3O4 beads on human airway

smooth muscle cells. (C) Variation in stiffness measurements with different applied torque for various level of binding/internalization.

Stiffness measurement is highly dependent on the level of binding which is difficult to control. Reprinted from [99], Copyright (1999), with

permission from Elsevier.

low magnetic susceptibility, in general MT setups are free of
interference compared to OT. However, due to complex and
cumbersome control mechanisms, it is difficult to apply MT
in high throughput applications. Also, unlike OT, the beads
are not fixed in the three-dimensional space in MT since they
produce a one-dimensional potential without a local mini-
mum. For this reason, magnetic beads must be tethered to
the membrane or DNA by some means. Also, existing visu-
alization techniques limit direct measurements of small vesi-
cles using MT. Magnetic twisting cytometry has been used to
predict cell stiffness and viscosity by attaching ligand coated
magnetic beads to cell membrane (Fig. 8A and B). However,
bead inhomogeneity and fraction of unbounded beads result
in large variability (Fig. 8C) in the measurements as reported
in [99].

3.5 Electrodeformation

Biological vesicles exhibit a number of interesting responses
when exposed to electric fields. The primary source of these
responses is the contrast in electrical properties (e.g., conduc-
tivity (σ ), permittivity (ε), etc.) between intra- and extraves-
icular media (Fig 9). For instance, in a DC electric field, if
the fluid inside the vesicle is more polarizable than the outer
one, the vesicle will be subjected to a stretching force due to
the polarization [100]. In this case, the vesicle behaves like a

conductor in the fluid media and it will be stretched in the
direction of the electric field since it acquires a net positive
charge near the negative (cathode) electrode and vice versa as
shown in Fig. 9A. On the contrary, the vesicle will be initially
compressed by the electric field when it is less polarizable
due to the initial polarization where it acquires a net positive
charge at the side close to the positive (anode) electrode and
vice versa.

Early applications of electrodeformation on biovesicles
were reported by Engelhardt et al. [101] on erythrocytes.
Seifert carried out exhaustive experiments by varying the vesi-
cle size and configuration [102]. With the widespread use
of microfluidics, electrodeformation has become extremely
popular with biological samples since it does not necessi-
tate large infrastructures like AFM, OT, MT, or MA. Dimova
et al. developed a number of novel experimental techniques
for vesicle formation [103] and characterized large deforma-
tion and poration with both alternating (AC) and direct cur-
rent (DC) fields [104–106] (Fig. 10). Cell mimetic behaviors,
such as morphological changes and phase separation [107],
as well as wrinkling and spheroidal deformation have been
studied both theoretically and experimentally by Vlahovska
et al. [105, 108, 109]. Zimmerman et al. [110] studied the re-
lationship between applied potential and deformation while
MacQueen et al. [111] calculated the elastic properties of cells
using the Clausius–Mossotti factor with the effective dipole
moment assumption.
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Figure 9. Vesicle initial polarization after application of an electric field causing electrodeformation from spherical to (A) prolate or (B)

oblate spheroids. If the enclosed solution is more conducting than the suspending medium, λ = (σin/σout ) > 1, the vesicle is pulled into a

prolate ellipsoid. The polarization is reversed in the opposite case λ < 1and the vesicle deforms into an oblate ellipsoid.

Figure 10. Image sequence (at 50 000 fps) of a vesicle under a nominal DC electric field, E = 2 kV/cm, and pulse duration of 200 μs.

Macropores are observed first in the third frame at 125 μs. The electrode’s polarity is indicated with a plus (+) and a minus (−) sign on

the first snapshot. Reprinted from [105], Copyright (2005), with permission from the Biophysical Society.

In recent years, a lot of interest is being directed to-
ward SSN for nanovesicle characterization [23] since op-
tical detection technique used in traditional electrodefor-
mation studies fail to detect nanosized vesicles. Nanopore
technology has been widely used since its inception
nearly two decades ago for DNA [112–114], proteins [115–
117], glycans [118], viruses [26, 119], liposomes [23, 120],
nanoparticles [121], and polymer[122] profiling because of
its high resolution (single-molecule level), low-cost, high
throughput, minimal sample requirement (both volume and
concentration).

Figure 11A shows the schematic of a nanopore platform
for characterization of vesicles or other biological samples. In
brief, the nanopore separates two electrolyte reservoirs where
the target vesicle is added to one side (cis) and a suitable volt-
age bias is applied to the other side (trans) to drive the vesi-
cle from the cis side to the trans side across the nanopore ei-
ther through electrophoresis or electro-osmosis (Fig. 11B).
This transit phenomenon transiently blocks the open-pore
ionic current and is restored once the vesicle escapes the
nanopore—formally called an event. These events are charac-
terized by the magnitude of the current drop (�I), duration
of the current drop (�t ), and the frequency at which such
blockages occur (�ν ).

The relative current change (�I/I0) through a nanopore
as a result of a particle transiting through it can be expressed
as [123, 124]:

�I
I0

= 1
G0

(
−σout

γ


(L + 1.6r0)
2 + μmob

Q
L2

)
, (8)

where I0, G0, σout , γ , 
, L, r0, μmob, and Q are the open pore
(baseline) current, open-pore conductance, solution conduc-
tivity, shape factor, the excluded electrolyte volume of the par-
ticle, membrane length, pore radius, mobility of counter ions
proximal to the nanopore surface, and the analyte surface
charge respectively. For a generalized ellipsoid, the shape fac-
tor is related to the aspect ratio (α) as [125]:

1
γ

= αcos−1α

(1− α2)3/2
− α2

1− α2
when α < 1, (9)

and

1
γ

= α2

α2 − 1
− αcos−1α

(α2 − 1)3/2
when α > 1. (10)

Here a and b are the radius parallel and perpendicu-
lar to the electric field, respectively. Since soft nanoparticles
undergo electrodeformation, the shape factor γ changes de-
pending on its aspect ratio (α = a/b) thus changing �I/I0.
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Figure 11. (A) A schematic

figure of the flow cell and

the nanopore chip, and (B)

a schematic figure of the

nanoparticle recapture event.

Reprinted from [127] with

permission. (C) Multiple

recapture protocol with time

domains Tdelay (blue), Trecapture
(black), and Tskip(red) shown

in arrows and events high-

lighted by black dotted circles.

Reprinted from [120] with

permission.

Hence, relative current change can be used as a metric to
gauge the deformability of vesicle.

In vesicle characterization studies, SSN technique offers
a number of advantages over its counterparts including size
tunability, ability to withstand a wide range of physical and
chemical conditions [124, 126]. Another major advantage of
SSN technique is the minimal sample preparation require-
ment since vesicles can be added as-is which is a significant
improvement over other methods such as AFM.

Recently, SSN assays were used to evaluate the electrode-
formability of viruses and liposomes through a multiple re-
capture protocol [26, 120, 127]. The multiple recapture proto-
col would evaluate the membrane mechanical properties of
single-vesicle multiple times (e.g., ∼25 times), thus, not only
providing a statistically significant evaluation of the said prop-
erties of a single vesicle but also superseding conventional

nanopore protocols which provide one value per translocating
vesicle. The high throughput of nanopore platforms means
that information from 1000’s of vesicles can be gathered
within a rapid time frame (typically tens of minutes).

The recapture protocol used to elucidate the relationship
between the membrane rigidity is outlined in Fig. 11C. In
brief, the applied voltage is reversed after a preset time (Tdelay )
from detecting an event. The data scanning is kept on-hold
for a preset time (Tskip ) to avoid the capacitive region before
recording data for the recapturing event (Trecapture ). This can
be done multiple times (as many as ∼25 times). If no recap-
turing happens before (Ttimeout ) (a preset time unlikeTrecapture),
the recapture protocol will be aborted, and the voltage would
return to its initial magnitude and sign.

Inmultiple recapturemethod, the electrodeformability is
defined as the ratio of the relative current drop at forward to
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Figure 12. Recapture protocol using

100 mV (forward) and −100 mV (re-

verse) bias voltages with normalized

�I/I0

((
�I
I0

)
forward

/(
�I
I0

)
reverse

)
histograms

of (A) liposome and (B) polystyrene.

Reprinted from [120] with permission.

reverse voltage biases when the magnitude of reverse voltage
is greater than or equal to the forward voltage;

θ f ,r =
(

�I
I0

)
forward

/(
�I
I0

)
reverse

. (11)

When the particle deforms, θ f ,r would deviate from its
ideally undeformed value of unity. However, it is imperative
to first choose a voltage where the electrodeformation ismini-
mal. Figure 12 presents the recapture events of liposomes (di-
ameter of 115.9 ± 45.9 nm) and polystyrene beads (diameter
of 104.5± 23.4 nm)with identical forward and reverse voltage
magnitudes (±100 mV). Experimental results show that θ f ,r

is centered around approximately 1 for both soft (liposome)
and rigid (polystyrene) particles. A lower voltage could be at-
tempted with the caveat of lower initial capture instance in
addition to lower signal-to-noise ratio of a given event with re-
spect to the baseline which could falsely trigger the recapture
protocol through slight baseline shifts due to the lower onset
thresholds warranted by lower �I of each event instance.

4 Governing equations for
electrodeformation phenomena

4.1 Electric field

Electrohydrodynamic problems can usually be approximated
as quasi-static phenomena [128]. The mathematical formula-
tions for weakly conducting fluids separated by a membrane
(leaky dielectric) began with Melcher and Taylor [129, 130].
In the absence of external magnetic fields, magnetic effects
can be ignored completely in the leaky dielectric model. Us-
ing Maxwell’s electromagnetic equations, the electric charge
conservation can be expressed as [100, 131]:

∂ρ f

∂t
+ ∇ · (

ρ f v̄ + J̄D + σ Ē
) = 0, (12)

where ε is the permittivity, ρ f is the free charge density, J̄D is
the diffusive current, v̄ is the fluid velocity vector, and σ is the
conductivity, and Ē is the electric field vector. In most elec-
trohydrodynamic systems, the diffusive current (J̄D ) is much
smaller than the Ohmic conduction current [132]. Also, for
most electrohydrodynamic applications with vesicles, the ex-

ternal flow field is either negligible or in the creeping regime.
This leads to a simplified charge conservation equation:

∂ρ f

∂t
+ ∇ · (

σ Ē
) = 0. (13)

The precedingOhmicmodel also assumes instantaneous
charge relaxation. The electrical forces due to the difference
in electrical properties across the membrane and the electric
field can be found by taking the gradient of theMaxwell stress
tensor ( ¯̄T elec ) [133,134]. Using the Korteweg–Helmholtz force
density description, the electric force density can be expressed
as [135]:

f̄ elec = ρ f Ē − 1
2
E2∇ε + ∇

[
1
2
ρ

(
∂ε

∂ρ

)
T

E2

]
= ∇ · ¯̄Tel, (14)

where ¯̄I is the unit tensor and ρ is themass density of theme-
dia. Defining the ratios of conductivity (λ = σin/σout ), permit-
tivity (
 = εin/εout ) inside and outside the vesicle membrane,
a number of characteristic parameters can be identified. For
instance, the timescale for electric phenomena (also known
as the charge relaxation time) is the ratio of the permittivity
and conductivity (tc = ε/σ ) [128]. For an initially undeformed
vesicle of radius r, nominal field strength E0, and nominal
electric stress τc = εE2

0 , the electrohydrodynamic deforma-
tion timescale can be estimated as tel = μ/τc, where μ is the
fluid viscosity. The surface tension timescale (ts = μr/β ) in-
fluences the relaxation toward equilibrium spherical shape
where β is the interfacial tension. Combining the different
timescales yield several important nondimensional param-
eters which govern the electrohydrodynamic flows. These
include the charge relaxation time ratio (λ/
 = tc,out/tc,in ),
the capillary number (Ca = ts/tel ) , and the electric Reynolds
number (Reel = tc/tel ).

For the case of cells and vesicles where the lipid bilayer
membrane acts as a leaky capacitor, the voltage jump across
the membrane is given as Vmem. The capacitive charging of
themembrane can be obtained from the continuity of current
across the membrane as [136]:

Cmem
dVmem

dt
+ GmemVmem = n̂ · (

σinĒin
) = n̂ · (

σout Ēout
)
. (15)

Here, the membrane is modeled as a two-dimensional
interface with effective capacitance Cmem = εmem/h and
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conductanceGmem = σmem/h, where h is themembrane thick-
ness. The membrane characteristic time scale for charging is
given as [137]:

tch arg e = rCmem

σin

(
1+ λ

2

)
. (16)

For a typical lipid membrane, tch arg e ∼ 1ms. In most
EHD analysis, the displacement currents from the elec-
trolytes are not considered, since both the Maxwell-Wagner
time scale, tMW = (εin + 2εout )/(σin + 2σout ) which governs
the vesicle polarization time and the charge relaxation
timescale (tc ) are small (∼10 ns) when compared with the
membrane-charging time (tch arg e ) and the electrohydrody-
namic deformation time (tel ).

4.2 Deformation and membrane model

The lipid membrane of a cell/vesicle contains choles-
terols, proteins, and channels. Thesemembrane components
change the stiffness of the membrane and restrict the move-
ment of the phospholipid molecules of the membrane. Ad-
ditionally, interactions between the cytoskeleton of the cell
and these membrane components further restrict the flow
of the membrane. This controls the extent of deformation
that the cell can undergo. Cells, however, at different stages of
their differentiation, expel unwanted membrane proteins by
releasing small vesicles in the form of exosomes [138]. These
exosomes share striking structural similarities with bioengi-
neered liposomes. They do not contain cholesterols, proteins,
channels, or a cytoskeleton. So, when a local strain is induced
in the membrane of a liposome or exosome, the molecules of
the membrane quickly reorganize themselves to reduce this
strain, and the membrane rupture is avoided [139]. While in
case of an actual cell, a similar strain might cause membrane
breakdown or formation of pores on the membrane. This
phenomenon highlights the need for distinction in math-
ematical representation when considering different kinds
of vesicles. It is well understood that unlike most materi-
als, the mechanical response of biomembranes cannot be
simply characterized in terms of fixed properties [140]. Al-
though originated from the shell theory, the mathematical
formulation of biological membranes resulted in a number
of constitutive relations due to the complex response of the
vesicles.

One of the major approaches in modeling the vesicle
membrane deformation is to treat it as a deformable two-
dimensional surface with hyperelastic or viscoelastic proper-
ties [141]. This approach has been popular largely due to its
primary roots going back to the theory of shells and due to
the negligible thickness of the vesicle membranes. A consti-
tutive law for a two-dimensional membrane can be obtained
by extrapolating from a three-dimensional elastic relation to
a thin material [142]. For example, the behavior of a mem-
brane, consisting of an isotropic volume-incompressible
material, may be described by the two-dimensional equiva-

Figure 13. Side view of a 2Dmembrane showing the in-plane ten-

sion (τ ) and the transverse tension (q) which creates the bending

moment (m).

lent of the Mooney–Rivlin law which gives the in-plane sur-
face tension as:

TMR
1 = GMR

ζ1ζ2

(
ζ 21 − 1

(ζ1ζ2)
2

) [
� + ζ 22 (1− � )

]
, (17)

where GMR (N/m) is an elastic modulus, ζ represents a prin-
cipal extension ratio, and � is a scalar coefficient between
0 and 1 with 1 corresponding to the neo-Hookean case. The
subscripts 1 and 2 refer to the two local principal axes. An-
other approach is to directly postulate a two-dimensional con-
stitutive law following experimental observations of the de-
formation characteristics. This approach was used, for exam-
ple, by Skalak et al., and Evans for red blood cell membranes
[46, 143].

Traditionally, the thinness assumption led to several or-
ders of magnitude smaller tension components transverse to
the surface (q) as shown in Fig. 13. However, the same is not
true for polymerized membranes and biomembranes with
anisotropy or a thicker shell. In a two-dimensional frame-
work, the transverse shear tension (q) is related to the bend-
ingmoment (m) through q = dm/dl, where l is the arc length.
This leads to a modified tension:

T̄ = τ t̂ + qn̂, (18)

where τ is the in-plane tension and t̂ and n̂ are the tangential
and normal unit vectors, respectively.

Another common approach in mechanical membrane
modeling is to consider a surface patch initially undeformed
with uniform curvature, H, (e.g., planar sheets or perfect
spheres) which are also isotropic. In this approach, the ef-
fect of the bending moment can be captured with a lin-
ear constitutive equation [144]. Canham [145] and Helfrich
[146] proposed strain energy functions for this kind of linear
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constitutive equation in the form of bending energy function-
als as:

E = κ

2

∫
(2Hm − H0)

2dA + κG

∫
�dA, (19)

where the integration is over the instantaneous configura-
tion of the membrane, Hm is the mean curvature of the two
principal curvatures (H1 and H2), H0 is the intrinsic curva-
ture,� = H1H2 is the Gaussian curvature, and κG is bending
modulus associated with the Gaussian curvature. It should be
noted that Helfrich introduced the intrinsic curvature in the
equation to consider the effects of asymmetry in the bilayer
structure [144], andH0 = 0 for symmetric membranes. For a
two-dimensional membrane, setting Hm = H/2, where H is
the membrane in-plane curvature, the total strain energy can
be simplified to E = κ

2

∮
(H − H0)2dl and the bending energy

density can be expressed asWs = κ

2 (H − H0)2. Thus, the lo-
cal bending moment (m) for calculating the transverse shear
(q) in Eq. (19) can be found from,

m = dWs

dH
= κ (H − H0) . (20)

4.3 Flow field

Vesicle membrane electrodeformation is initiated by the
electrical forces arising from the electric field distribution.
However, since the vesicle itself is immersed in a fluid
medium, the electric stress along with the hydrodynamic
stress ( ¯̄Tm = μ(∂iu j + ∂ jui )− δi jP) needs to be used in defin-
ing the flow behavior for the coupled system where P is the
pressure. For an incompressible fluid, the electrohydrody-
namic system can be described by modified Navier–Stokes
and continuity equations as [100]:

ρ
Dū
Dt

= −∇P + μ∇2ū + ∇ · ¯̄Tel, (21)

∇ · ū = 0, (22)

where the flow field must satisfy the interfacial stress
(τmem = n̂ · [( ¯̄Tm,out − ¯̄Tm,in )+ ( ¯̄T el,out − ¯̄T el,in )]) arising from
the differences in hydrodynamic and electric forces due to the
discontinuities in electrical and mechanical properties. Addi-
tional boundary conditions required for solving the governing
equations include the continuity of electric current and veloc-
ity across themembrane. Further details on these constitutive
laws are beyond the scope for the present review. Interested
readers are directed to [147] and [144] for a broader discus-
sion.

5 Vesicle deformation in applied electric
field

The deformation modes of soft vesicles under electric forces
depend on several factors such as the permittivity and con-
ductivity of the different fluid media, membrane mechanical
response, nature of the applied electric field, the electric
charge distribution in the fluid media, imposed flow, etc.

Models of this complex phenomena, therefore, need to ac-
count for the different underlying physics in order to capture
proper membrane deformation behavior. Nevertheless, the
polarizability of the fluid media inside and outside the vesicle
plays the most critical role in vesicle electrodeformation. The
transient response due to charge imbalance across the mem-
brane leads to prolate (oblate) deformations when the vesicle
contents are more (less) conductive than the surrounding
[107, 131] (Fig. 14). In the (λ < 1)case, with DC fields, the
vesicle eventually deforms back to a prolate shape due to
the build-up of the transmembrane potential across the
vesicle membrane which behaves like a capacitor (following
Eq. [(15)]) [148]. Assuming the vesicle to be a perfect sphere
at all times, the transmembrane potential can be expressed
as [149]:

Vmem = 3
2
rE0

(
1− exp

( −t
tch arg e

))
cos θ, (23)

where θ is the angle between the electric field direction and
the position at the interface. Obviously, soft vesicles deform
under electrohydrodynamic forcing and do not remain a per-
fect sphere. Numerical solutions for transmembrane poten-
tial in Eq. (15) are therefore necessary for nonspherical vesi-
cles [131].

In the case of an alternating current (AC) field, the sce-
nario is further complicated with a dependence on the electric
field frequency. The critical frequency for AC electric field can
be found using

νcrit = σmem

rCmem
[(1− λ) (λ + 3)]−3/2, (24)

For an applied electric field frequency lower than the crit-
ical frequency this oblate to prolate transition appears in the
vesicles (Fig. 15) [150, 151]. When the time is greater than
tch arg e, for any λ in DC field (or for low frequencies in AC
with ν < νcrit ), the membrane capacitor is fully charged and
the membrane behaves like a perfect insulator. This results
in the vesicle shape change to a prolate ellipsoid.

Quite a few theoretical and numerical solutions have
been presented for the solution of electrohydrodynamic equa-
tions. Initial analytical work on vesicles by Hyuga et al.
[152,153] was focused on small transient pulses using pertur-
bation theory. Sadik et al. [154] later expanded the solutions to
amore general case with varying inner and outer conductivity
for various applied fields. Interestingly, their analytical frame-
work did not consider the membrane capacitive charging ex-
plicitly. Considering an ellipsoid with axes a and b (a > b),
they expressed the deformation of the vesicle in terms of a
shape factor (�) using,

α = a
b

= 1
cos�

; ξ0 = a√
a2 − b2

= 1
sin�

. (25)

The curvature-elastic energy
(V = κaπ

3b sin�
[14 cos� sin� + 6� + 4cos3� sin�]) is then

used to obtain the equation of motion as:

2K0
d2�
dt2

+ dK0

d�

(
d�
dt

)2

+ dV
d�

− Qμ

d�
dt

− QF = 0, (26)
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Figure 14. Schematic of the

electric field lines and induced

charge distribution around a

vesicle immersed in an elec-

trolyte solution following the

imposition of a uniform DC

field (A) time < tchargeand

λ > 1, (B) time < tchargeand

λ < 1, and (C) fully charged

membrane capacitor (time >

tcharg e) and any λ. The dashed

lines indicate the vesicle de-

formation. Reproduced from

[107] with permission from the

Royal Society of Chemistry.

Figure 15. Phase representation of lipid vesicle shapes subjected

to AC field frequency ν at different conductivity ratios λ. Reprinted

from[151], Copyright (2008), with permission from the Biophysi-

cal Society.

where κ is the curvature elastic modulus. K0, Qμ, and QF are
functions of the shape factor �, nominal electric field (E ),
pulse duration, andmaterial properties like mass density, vis-
cosity, and permittivity [154]. The solution of Eq. (25) leads to
the instantaneous value of the shape factor fromwhich the as-
pect ratio can be calculated using Eq. (24). Additionally, in a
spherical co-ordinate system (ξ, η), the instantaneous normal
component of velocity at a point on the deformingmembrane
can be found using,

un = b sin�η2 + db
d� cos�

cos�
√
1− η2sin2�

d�
dt

, (27)

which leads to the instantaneous position of the vesicle in
the domain. It should be noted that their analytical model
assumed a conserved vesicle surface area, which does not al-
low the area dilation they observed in their experiments. Al-
though their analytical solution predicts the functional rela-
tionship between the extent of deformation and vesicle size,
the model results failed to predict the experimental data on
aspect ratio. Interestingly, a numerical solution by Morshed

et al. found results (between vesicle size and aspect ratio)
comparable to experiments, when membrane charging was
considered [131] (Fig. 16).

Several other numerical works also presented vesicle de-
formation results using immersed interface and level set
scheme [155] and boundary integral technique [156]. Zhang
et al. presented a similarity solution for vesicle deformation
and relaxation [157]. Instead of a constant surface area as-
sumption like Sadik et al. [154], they considered the vesicle
volume to be conserved. Additionally, the capacitive charging
of themembranes was incorporated in their solution. Accord-
ing to their analytical model, the increase in apparent mem-
brane area due to the electric forces and fluid-structure inter-
actions is [157]:

�as = kBT
8πκ

ln
�

�0
+ � − �0

Ka
, (28)

where � and �0 are the membrane tension and initial mem-
brane tension, respectively, kB is the Boltzmann constant
and κ is the bending rigidity, and Ka is the elastic stretch-
ing modulus. Here, the first term on the right side repre-
sents the thermal undulatory unfolding, and the second term
represents elastic stretching. Figure 17A shows the appar-
ent area changes from their model at different initial mem-
brane tensions. When the areal extension is small, the mem-
brane area increase is primarily due to the flattening of the
shape fluctuations. In this regime, the area change exhibits
an exponential correlation withmembrane tension.However,
at larger extension regimes, the area increase is attributed
to the elastic stretching where the correlation is linear. It
must be noted that unlike droplet deformation where sur-
face tension is a property, for vesicle membrane deforma-
tion, the membrane tension appears as a constraint in the
equations.

Schwalbe et al. [148] also presented an analytical solu-
tion starting from Helfrich curvature energy formulation for
the membrane. A dimensionless parameter (Mason number,

Mn = εoutE20
μout γ̇

) involving electric and viscous stresses is used
to identify different regimes of deformation under imposed
flow at various viscosity ratios (Fig. 17B).
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Figure 16. Predicted vesicle aspect ratio at 500 μs when an initially spherical vesicle is subjected to a nominal electric field of 1.5 kV/cm.

(A) No voltage jump across the membrane and (B) voltage jump originating from membrane charging. For voltage jump across the

membrane, there is no underlying relation between vesicle size and the extent of deformation which is similar to the experimental

observation of Sadik et al. [154]. Reprinted figures with permission from [131], Copyright (2018) by the American Physical Society.

Figure 17. (A) The relative increase of the apparent area,�as , as a function ofmembrane tension,�, for different values of initialmembrane

tension, �0. Reprinted from [157] with permission of AIP Publishing. (B) Inclination angle (ψ) of vesicle at various Mn. The solid, dashed,

and dotted curves are with viscosity ratio, μin/μout = 1, 3, and 5, respectively. Reprinted figure with permission from [148], Copyright

(2011) by the American Physical Society.

6 Membrane properties from
electrodeformation

Electrodeformation techniques are inherently advantageous
in microfluidic and high-throughput applications. Several
studies in the last ten years have started to apply different
electrodeformation procedures for vesicle characterization in
micro- and nanofluidic platforms. Generally, electrodeforma-
tion can be used for the determination of electrical properties
of vesicles. Additionally, a number of flow andmechanical de-
formation associated properties have also been characterized
using different electrodeformation techniques. In the follow-
ing section, we highlight several electrodeformation based
methods to characterize a number of different properties of
vesicles.

6.1 Bending rigidity

Yu et al. used the vesicle relaxation dynamics during DC
pulses to determine the tension and bending rigidity of vesi-

cles for different concentrations of cholesterol [158]. In their
work, the vesicle is first deformed to an ellipsoidal shape
from its initial spherical form and then the electric field is
turned off. In the absence of an electric field, the vesicle re-
laxes back to a spherical shape. They identified an initial en-
tropic regime where the vesicles reverse their shape much
quickly. These restoring dynamics differ depending on the
concentrations of cholesterol present in the palmitoyl-oleoyl-
phosphatidylcholine (POPC) membrane (Fig. 18A). Higher
concentrations of cholesterol led to steeper descent indicat-
ing an increase in bending rigidity.

During postpulse vesicle relaxation, for moderate values
of initial tension,�0, and small tomoderate deformations, the
elastic deformation (second) term in Eq. (28) can be ignored,
and the simplified equation can be rearranged to:

�

�0
= exp

(
8πκ�as
kBT

)
. (29)

In this simplified model, the instantaneous membrane
tension (�) was evaluated to be on the order of 10−6 N/m
(Supplementary Material of [158]). Once the change in the
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Figure 18. (A) Theoretical predic-

tions (solid and dashed lines), and

experimental results of relaxation

of POPC vesicles with various

cholesterol mole fractions. The

shape factor is defined as ε =
α − 1. Here τ = t ime×�0

rμout
, and

C = 24
(32+23μin/μout )

. Reprinted fig-

ure with permission from [158],

Copyright (2015) by the American

Physical Society. (B) Bending

rigidity of DOPC membranes made

of different lipids as measured by

(i) the electrodeformation method

(ED: solid bars) and (ii) fluctuation

spectroscopy (FL: hatched bars).

Reproduced from [159] with per-

mission from the Royal Society of

Chemistry.

area (�as) is evaluated experimentally, the bending rigidity
could be derived using the above equation for different values
of membrane tension. The initial membrane tension (�0) is
assessed from the extrapolation of experimental data shown
in Fig. 18A.

Gracia et al. [159] used electric stresses to evaluate the
membrane tension on the deformed vesicle. This tension is
then utilized to calculate the variation in bending rigidity with
a change in cholesterol content of themembrane. Differences
in their measured results using electrodynamic (ED) and
fluctuation spectroscopy (FL) highlight the underestimation
in electrodeformation method for stiffer vesicles (SM:Chol).
However, for softer vesicles (e.g., 1,2-dioleoyl-sn-glycero-3-
phosphocholine [DOPC]:Chol) the measurements in both
techniques are in good agreement as shown in Fig. 18B. Their
experimental observation shows that depending on the base
lipid molecule, the bending rigidity changes markedly with
increasing cholesterol content. Unlike POPC in [158], DOPC
does not exhibit any direct effect of cholesterol content on
bending rigidity. Egg sphingomyelin (SM) on the contrary
shows a reverse trend where the bending rigidity decreases
with increasing cholesterol.

6.2 Edge tension and viscosity

The membrane viscosity affects the vesicle relaxation under
DC pulses. Salipante et al. [107] incorporated the membrane
viscosity in the governing equations (see [107] for details). The
resulting solution (shape evolution with time data) was fitted
to estimate the membrane viscosity (Fig. 19). Their results
indicate that membrane viscosity slows the rate of deforma-
tion, but does not change the equilibrium shape and has no
influence on the maximum deformation.

Portet et al. [160] used the resealing dynamics of an elec-
troporated vesicle to measure the membrane edge tension.
They presented the time-dependent radius of a circular pore
(rp) on an electroporated vesicle of initial radius r as a func-

Figure 19. Deformation of a vesicle with an initial DC pulse of

strength 400 kV/m for 20 ms, and a subsequent pulse of 20 kV/m

for 50 ms. Reproduced from [107] with permission from the Royal

Society of Chemistry.

tion of membrane tension (�), vesicle size and surrounding
media dynamic viscosity (μ) as:

r2 ln rp = − 2�
3πμ

t +C, (30)

where C is a time dependent constant (One C value
for each experiment). The slope of the linear portion of
time versus (r2 ln rp) curve yields the edge tension as � =
−(3/2)πμ × slope,as shown in Fig. 20.

6.3 Capacitance and conductivity

In an AC electric field, the vesicle deformation switches
from prolate to oblate at the critical frequency presented
in Eq. (23). Salipante et al. used frequency-dependent vesi-
cle shape change to calculate the capacitance [161]. Their
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Figure 20. Evolution of the porated region as characterized by

six different mixture of unsaturated and saturated phosphatidyl-

choline (EggPC) vesicles. The experimental data are represented

by the gray open circles and the solid lines are linear fits. The

vesicle radii, r , are (lower to upper) 12.7, 16.0, 17.6, 21.1, 20.7, and

21.7 μm. Reprinted from [160], Copyright (2010), with permission

from the Biophysical Society.

experimental observations showed at low frequencies (sub-
kHz), the vesicle shape always evolves to a prolate ellipsoid
regardless of the solution conductivities and size of the vesi-
cle. However, for higher frequencies (aboveMHz), the vesicle
retains its spherical shape. At intermediate frequencies, a
vesicle filled with a less conducting solution, λ < 1, deforms
into an oblate ellipsoid.

Figure 21A shows that the critical frequency increases
linearly with the inverse of the vesicle radius, which is inline
with the model Eq. (24). Also, from the experimentally de-
termined critical frequency, one can find the membrane ca-
pacitance (Cmem ) for the known value of vesicle equilibrium
radius. They also explored the effect of salt concentration of
the membrane-enclosed solution on the membrane capaci-
tance. From their experimental data, the capacitance of the
bare membrane (CB ) can be found from:

1
Cmem

= 1
CD,in

+ 1
CB

+ 1
CD,out

, (31)

whereCD,in andCD,out are the capacitance of ionic solution in-
side and outside of the vesicle. Under a linear capacitor as-
sumption, the double-layer capacitance can be found from
the capacitance of a planar capacitor with a thickness of Debye
length (κD )and the dielectric constant of the solution [137].
When the ionic strength of the solution is increased, it de-
creases the Debye length. Hence, the combined capacitance
of the electrolyte–membrane system increases with increas-
ing ionic concentration to an upper limit given by the bilayer
capacitance (CB )as shown in Fig. 21B.

Similar to capacitance, conductivity plays a major role in
membrane deformation behavior. In micro- and nanofluidic
setups, it is often convenient to translocate vesicles through
pores of known dimensions and allow them to deform due to
the electric and fluid field-driven forces. Morshed et al. used
solid-state nanopore-based vesicle translocation data to track

the change in local current and overall conductivity as vesicles
translocate through the pore [162].

7 Future directions

In biomedical research, new applications are being intro-
duced constantly using cell-derived vesicles as well as arti-
ficial vesicles. Study of their behaviors broadened the un-
derstanding of a number of complex phenomena including
lipid assembly and viscoelasticity, polymerization, interac-
tions with proteins and peptides, poration and fusion, etc.
To keep up with the demand for various drug/biologic deliv-
ery, newer synthesis techniques are introduced. For instance,
highly efficient exosome extraction processes from in-vivo
dendritic cells have been designed [16]. Unilamellar vesicles
being an excellent cell-mimetic system have led to prepara-
tion of miniature vesicles that closely resemble different or-
ganelles. Biomimetic nanovesicles with different inner and
outer layers and varying surface protein to lipid ratios are be-
ing developed actively [30].

As the vesicles are evolving due to the change in the
membrane composition or cargo content, proper character-
ization techniques must be in place for evaluation of their
mechanical and electrical characteristics. In particular, the de-
velopment of high throughput characterization techniques
is needed for their widespread use in biological and clini-
cal applications. Although traditional characterization tech-
niques are inherently low throughput, each of these tech-
niques are being implemented in microfluidic variants for
parallel and continuous operation. For instance, Favre et al.
have developed a two-dimensional AFM probe array (5 ×
7) with 100 μm cantilevers for parallel position sensing us-
ing a CMOS camera [163]. Optical stretchers applied directly
on vesicles have increased the characterization speed signifi-
cantly [85]. Electrodeformation assays are beingminiaturized
and automated for faster applications.

Several key areas are identified that demands particular
focus going forward.

1. Sincemost of the techniquesmeasure specific characteris-
tics, the focus should be shifted toward combining a num-
ber of characterization assays on the same device which
can also provide time-dependent deformation results.

2. Combination of numerical and experimental approach
has been fruitful in predicting vesicle behavior inside
SSN. But this kind of synergistic approach is yet to be ex-
panded to its full potential. As vesicles are moving toward
submicron and nanoscales, co-ordination between theo-
retical, numerical, and experimental approaches are nec-
essary to understand physics exclusive to this length and
time scale more than ever.

3. As the nanovesicle research moves beyond the optical
limit, it is essential that both theoretical and numerical
works be extended to the nanometer length scales where
electrical charge crowding and colloidal physics need par-
ticular attention.
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Figure 21. (A) Critical frequency, νcrit , for the oblate–prolate transition as a function of the inverse radius of vesicles made of POPC (LS1)

and polymersomesmade of PS1, PS3, and PS4 for conductivity ratio, λ = 0.25. (B) Total specificmembrane capacitance at different interior

solution conductivities (salt concentrations) for POPC vesicles. The bilayer capacitance is obtained by subtracting the contribution of the

double layers according to Eq. (30). The exterior conductivity was varied to produce a conductivity ratio within 0.1–0.3. Reproduced from

[161] with permission from the Royal Society of Chemistry.

4. Finally,membranemechanical descriptions formesoscale
models also need careful consideration when choosing be-
tween different types of vesicles. This is particularly cru-
cial in the study of novel vesicles, such as polymersomes
and viruses, whose membrane deformation behavior vary
noticeably from that of RBC or lipid-based endothelial
cells.
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